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Abstract  

The hierarchical organization of cellulose microfibrils and their intimate interactions with 

hemicelluloses such as xylan underpin the exceptional mechanical performance of plant cell 

walls. However, translating these biological design principles into sustainable nanocellulosic 

materials remains limited by conventional cellulose nanofibril production routes, which rely on 

harsh chemical treatments that disrupt the native cellulose–hemicellulose architecture. Here, 

we present an optimized isolation strategy for holocellulose nanofibrils (hCNFs) that preserves 

native cellulose structure, xylan substitution and conformation, and cellulose–xylan interactions. 

Using wild-type Arabidopsis thaliana, a xylan glucuronidation-deficient gux1/2 mutant, and 

Brassica napus straw as model systems, we systematically elucidate how xylan content and 

substitution pattern govern nanofibril isolation, interfacial interactions, and macroscopic 

properties. Two-dimensional 13C magic-angle spinning NMR demonstrates retention of native 

cellulose glucosyl environments, the presence of two-fold and three-fold helical xylan 

conformations, and cellulose-associated two-fold helical xylan. Cryogenic transmission 

electron microscopy reveals fibril widths of ~3 nm, consistent with elementary cellulose Iβ 

microfibrils. We show that xylan glucuronidation regulates colloidal stability, hydration 

behavior, and interfibrillar cohesion, whereas xylan content controls nanofibrillation efficiency. 

These multiscale structural features translate directly into moisture sorption, thermal behavior, 

and mechanical performance. Notably, Brassica napus hCNF films exhibit exceptional strength 

and extensibility, surpassing many chemically modified CNF systems. This work demonstrates 

that preserving the native cellulose–hemicellulose architecture enables high-performance, 

sustainable nanocellulosic materials without chemical reconstruction. 

1. Introduction 

Lignocellulosic biomaterials and biochemicals are central to the development of a sustainable 

bioeconomy. Plant cell walls are composed of cellulose microfibrils embedded in a matrix of 
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hemicelluloses and aromatic lignin polymers. Cellulose consists of β-1,4-linked glucan chains 

that assemble into microfibrils approximately 3–4 nm in diameter through intra- and 

intermolecular hydrogen bonding and stacking interactions. Hemicelluloses, including xylan 

and glucomannan, associate with specific cellulose microfibril surfaces in defined 

conformations, thereby influencing both structural organization and mechanical function.[1–4]  

Xylan, the dominant hemicellulose in the secondary cell walls of higher plants, comprises a β-

1,4-linked xylopyranosyl backbone variably substituted with acetyl, arabinofuranosyl, 

glucuronosyl, and feruloyl side groups, imparting substantial chemical diversity across plant 

species.[5,6] In native cell walls, this hierarchical polymer network confers remarkable 

mechanical resilience and biological functionality. However, the same structural complexity 

poses a major challenge for isolating cellulose nanofibrils (CNFs) directly from biomass while 

retaining the native polymer architecture.  

Conventional CNF production typically involves delignification through kraft or sulfite pulping, 

followed by one or more chemical, enzymatic, or mechanical treatments to achieve 

fibrillation.[7–12] These processes inevitably disrupt cellulose and hemicellulose structures and 

eliminate native cellulose–xylan interactions. For example, TEMPO-mediated oxidation 

introduces carboxylate groups and induces cellulose depolymerization,[10] whereas alkaline 

pretreatments remove, depolymerize, or deacetylate hemicelluloses.[10,11] As a result, most 

CNFs differ fundamentally from native cellulose microfibrils in both structure and surface 

chemistry. 

Developing alternative isolation strategies that preserve the native cellulose–hemicellulose 

architecture would enable the production of nanocellulosic materials that more closely resemble 

biological composites while reducing reliance on energy-intensive pulping processes. 

Achieving this goal requires analytical approaches capable of resolving molecular-level 

structure and interactions during nanofibril isolation and of correlating these features with 

macroscopic material properties. 

Although hemicellulose content is known to influence nanofibrillation yield and enzymatic 

recalcitrance,[5,13–15] most studies employ chemical or enzymatic pretreatments that 

fundamentally alter polymer structure.[9,16–20] Because such treatments modify the very features 

of interest, the roles of hemicellulose substitution pattern and charge in fibril isolation and end-

use performance remain poorly understood. Other investigations have instead removed 
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hemicellulose entirely or adsorbed it onto chemically modified cellulose substrates,[9,12,16–23] 

approaches that rarely recapitulate the complexity of native cell wall organization and therefore 

limit the production of materials with natural-like structure and function. 

Genetic engineering offers a powerful means to selectively alter cell wall composition while 

maintaining native polymer assembly. Arabidopsis thaliana gux1/2 mutants, which lack 

glucuronic acid substitutions on xylan, provide a unique system for probing how xylan fine 

structure governs cellulose–hemicellulose interactions.[24] In parallel, Brassica napus 

represents a commercially relevant lignocellulosic residue with natural variation in xylan 

glucuronidation.[25]  

Recent advances in the application of  two-dimensional 13C magic-angle spinning solid-state 

NMR (2D 13C MAS ssNMR) have enabled direct, non-destructive characterization of cellulose 

and hemicellulose structure, conformation, and interactions in never-dried native cell 

walls.[3,4,26,27] Unlike traditional techniques such as X-ray diffraction, infrared spectroscopy, 

and one-dimensional 13C MAS NMR (1D 13C MAS NMR), which often rely on peak 

deconvolution and provide only relative crystallinity estimates, 2D 13C MAS NMR resolves 

distinct glucosyl environments and directly identifies cellulose-associated hemicellulose 

conformations. Notably, several glucosyl residue environments that corresponding to different 

regions of the cellulose fibril can be resolved.[27] 

Here, we integrate genetic variation, mild delignification, and multiscale characterization to 

isolate holocellulose nanofibrils (Hemicellulose-preserved CNFs are referred to as 

holocellulose nanofibrils (hCNFs)) that preserve native cellulose structure, xylan structure and 

conformation, and cellulose–xylan interactions. Using wild-type Arabidopsis thaliana, gux1/2 

mutants, and Brassica napus straw, we establish direct links between xylan content and 

structure, nanofibrillation efficiency, colloidal stability, hydration behavior, and the mechanical 

performance of the resulting nanopaper films. Our results demonstrate that preserving the native 

cellulose–hemicellulose architecture enables high-performance, sustainable nanocellulosic 

materials without chemical reconstruction.  

2. Results 

2.1 Holocellulose nanofibril isolation and preservation of xylan substitution pattern 

2.1.1 Mild delignification and mechanical processing yield partially individualized hCNFs    
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To examine how the native cellulose–xylan architecture governs nanofibril isolation and 

material properties, hCNFs were prepared from three lignocellulosic (LC) sources: Arabidopsis 

thaliana wild-type (At WT), the xylan glucuronidation-deficient Arabidopsis thaliana mutant 

(At gux1/2), and Brassica napus wild-type (Bn WT) straw (Figure 1a).  

 

Figure 1. Preparation of hCNFs with preserved xylan substitution pattern. a) Schematic 
comparison of conventional cellulose nanofibril preparation with the hCNF isolation workflow 
used here for three lignocellulose (LC) sources: 1 Arabidopsis thaliana wild-type (At WT, 
orange), 2 Arabidopsis thaliana variant (At gux1/2, purple, genetically modified), and 3 
Brassica napus wild-type (Bn WT, green). b) Schematic representation of glucuronidated and 
non-glucuronidated xylan, each consisting of a β-1,4-linked D-xylosyl backbone bearing O-
acetyl substituents, with (glucuronidated) or without (non-glucuronidated) 4-O-methyl-D-
glucuronic acid ([Me]GlcA) side groups; see Figure S2a for the chemical structure. c) 
Polysaccharide Analysis by Carbohydrate gel Electrophoresis (PACE) of CjGH10 xylanase 
digestion products from lignocellulose (LC) and holocellulose (hC), used to assess glucuronic 
acid (GlcA) substitution patterns on xylan. LC and hC from At WT and Bn WT show UX3 
digestion products (orange and green arrowheads), whereas At gux1/2 lacks UX3 (red circle). 
X1–X6 denote xylosyl oligosaccharide standards. The xylanase action scheme and original gels 
are shown in Figures S2 and S4.  d) Representative TEM micrograph of hCNFs; inset shows a 
cryo-TEM image. Individual fibrils (blue markers) and loosely bundled fibrils are shown in 
Figure S7. 
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The lignocellulosic materials, sample nomenclature, acronyms, and symbols are summarized 

in Tables S1–S3, and the lignin and neutral monosaccharide contents of the LCs are shown in 

Figure S1. 

Xylan substitution patterns in the native lignocelluloses were analyzed using polysaccharide 

analysis by carbohydrate gel electrophoresis (PACE) following digestion with CjGH10 

xylanase (see Figures S2a,b for xylan chemical structure and digestion scheme). As expected, 

At WT and Bn WT lignocelluloses released glucuronidated UX3 oligosaccharides, whereas At 

gux1/2 lacked these products, confirming the absence of glucuronic acid substitutions on xylan 

in the mutant (Figure 1c-i), consistent with previous reports.[24,25] Xylan acetylation in Bn WT 

was verified by xylanase digestion of DMSO-extracted xylan (Figure S3).[28] 

Unlike conventional CNF production routes (Figure 1a), which involve alkaline pulping and 

oxidative pretreatments that disrupt cellulose and hemicellulose structure,[10,11] a mild peracetic 

acid (3% w/v) delignification was employed without alkaline washing, in contrast to previously 

reported methods.[9,18] This approach effectively removed lignin while preserving xylan content, 

yielding xylan-rich holocellulose (hC). Subsequent mechanical fibrillation in a high-speed 

blender produced polydisperse suspensions; translucent, colloidally stable hCNF fractions were 

then recovered from the supernatant after centrifugation (see Figures S5–S6 for the hCNF 

separation scheme and images of the hCNF suspensions). 

Electron microscopy (TEM and cryo-TEM; Figure 1d and Figure S7) and AFM (Figure S8) 

revealed long, thin, partially individualized nanofibrils, consistent with previous reports on 

holocellulose-derived CNFs.[9,18,29] Sugar analysis confirmed the retention of xylan in both hCs 

and hCNFs (Figures S9–S10), consistent with previous studies.[9,18] Notably, hCNFs derived 

from At gux1/2 contained a higher xylan fraction than those from At WT, suggesting stronger 

xylan–cellulose association in the absence of glucuronic acid substitutions.[30,31] 

2.1.2 Xylan substitution pattern in hCs and hCNFs remains identical to that in native 

lignocellulose 

To determine whether the xylan substitution pattern was altered during hCNF preparation, 

xylan glucuronidation and acetylation were examined in hCs and hCNFs by PACE following 

GH10 xylanase digestion. Glucuronidated UX3 oligosaccharides were detected in hCs from At 

WT and Bn WT but were absent in At gux1/2, confirming the preservation of native 

glucuronidation patterns through delignification (Figure 1c-ii). 
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Xylan acetylation, which plays a key role in cellulose–xylan interactions,[3,28] was assessed in 

Bn WT samples by extracting acetylated xylan with DMSO prior to enzymatic digestion. The 

oligosaccharide profiles obtained from lignocellulose, hC, and hCNF samples were nearly 

identical, whereas non-acetylated xylan yielded shorter fragments (Figure S3). These results 

are consistent with a previous report on Arabidopsis thaliana acetylation.[28] Together, they 

demonstrate that both the glucuronidation and acetylation patterns of xylan remain unchanged 

throughout hCNF isolation. 

2.2 Preservation of cellulose structure and xylan helical conformation in hCNFs 

2.2.1 MAS NMR confirms retention of native cellulose structure in hCNFs 

The preservation of cellulose structure and xylan conformation following delignification and 

fibrillation was investigated using 1D and 2D 13C MAS NMR on uniformly 13C labeled At WT 

lignocellulose (13C labeled LCAt WT), holocellulose (13C labeled hCAt WT), and hCNFs (13C 

labeled hCNFAt WT). 1D 13C CP MAS spectra confirmed the complete removal of lignin, as 

evidenced by the disappearance of methoxyl signals at ~56 ppm (Figures 2a and S11a). In 

contrast, xylan acetyl methyl signals at ~21 ppm were retained, indicating preservation of 

acetylation.  

The carbohydrate region (50–110 ppm) showed characteristic cellulose resonances 

corresponding to the C1–C6 carbons (Figure 2a). The C4 (~80–90 ppm) and C6 (~60–65 ppm) 

regions exhibited the well-known bifurcation into spectral domain 1 (C4/6D1) and domain 2  

(C4/6D2) signals, reflecting distinct glucosyl environments associated with various fibril core 

and surface regions.[26,27,32] Comparison of LC, hC, and hCNF spectra revealed that 

delignification alone preserved the relative distribution of these domains, whereas isolation of 

the colloidal hCNF fraction from the blended hC suspension (see scheme in Figure S5)  

increased the C4D1 and C4D2 ratio (Figures 2a and S11b). This change likely reflects enrichment 

of more ordered fibrils and removal of less ordered material during centrifugation, rather than 

the modification of cellulose structure itself. 

To resolve overlapping signals in the 1D spectra, 2D 13C CP-refocused INADEQUATE MAS 

NMR experiments were performed. This method correlates pairs of single-quantum (SQ) 

signals from directly bonded carbon atoms (e.g., C1–C2 in cellulose glucosyl units) through 

their double-quantum (DQ) chemical shifts, substantially enhancing the resolution of distinct 

glucosyl and xylosyl environments that have otherwise similar chemical shifts.[3,4,26,27] In 
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addition, cross-polarization excitation selectively enhances signals from the relatively rigid 

(immobile) fractions of cellulose and hemicellulose.[33] 

 

Figure 2. MAS NMR evidence for preservation of native cellulose structure and xylan 
conformations in hCNFs. a) Overlay of 1D 13C CP MAS NMR spectra of 13C-labeled LCAt WT 
and hCNFAt WT. Resonances C1–C6 correspond to the glucosyl carbons of cellulose. Native 
plant cellulose exhibits two spectral domains — domain 1 (dark-red markers) and domain 2 
(blue markers) — distinguished by chemical-shift differences at C4 and C6.[26,32] Spectra are 
normalized to the C4D1 signal (asterisked) at ~89 ppm. The full 0–200 ppm spectral overlay is 
shown in Figure S11a. b) Schematic illustrating the compatibility of 2-fold and 3-fold helical 
xylan conformations with the cellulose surface. c) Overlay of 2D 13C CP refocused 
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INADEQUATE MAS NMR spectra of 13C labeled LCAt WT and hCNFAt WT, showing closely 
matching cellulose glucosyl environments (markers). To aid comparison, shaded boxes mark 
the same spectral regions in the 1D and 2D spectra — the C1 (pink), C4 (olive-green), and C6 
(purple) regions — illustrating how resonances that overlap in 1D are resolved in the 2D 
INADEQUATE spectrum. Cellulose domain 1 and domain 2 environments are indicated by 
dark-red and blue markers, respectively; 2-fold (Xn2f) and 3-fold (Xn3f) helical xylan peaks are 
highlighted in rose-brown and teal, respectively. The 13C chemical shifts of cellulose glucosyl 
carbons for LCAt WT and hCNFAt WT are listed in Table S4 for comparison. d) Zoomed-in views 
of the C1 and C4 regions from panel c, demonstrating improved resolution of distinct glucosyl 
environments in cellulose for hCNFs. e) Zoomed-in C4–C6 and 2-fold helical xylan (Xn42f → 
Xn52f cross peak) regions from 2D 13C CP 30 ms PDSD MAS NMR spectra of 13C labeled LCAt 

WT and hCNFAt WT revealing preservation of cellulose–2-fold helical xylan interactions in 
hCNFs. All MAS NMR experiments were performed at a 1H Larmor frequency of 1.0 GHz and 
an MAS frequency of 12.5 kHz. See Section 3.2 of the Supporting Information for further 
experimental details. 

The resulting spectra revealed multiple well-resolved cellulose glucosyl resonances in both 

LCAt WT and hCNFAt WT (indicated by markers in Figure 2c–d), with improved resolution in the 

hCNFs (Figure S11c). This improvement is evident from the appearance of additional resolved 

peaks (for example, in the zoomed-in C1 region of Figure 2d), accompanied by an increase in 

signal-to-noise in certain spectral regions (for example, the zoomed-in C4 region of Figure 2d). 

Importantly, the corresponding cellulose glucosyl 13C chemical shifts essentially remained 

unchanged, differing in nearly all cases by no more than the experimental uncertainty (0.1 ppm; 

Figure 2c and Table S4) — comparable to the very small shift changes reported for the isolation 

of poplar hCNFs[27] and demonstrating that the molecular structure of cellulose is preserved 

after hCNF isolation from the cell wall. 

2.2.2 Presence of 2-fold and 3-fold helical xylan conformations in hCNFs 

In native plant cell walls, xylan adopts both 2-fold and 3-fold helical conformations, with the 

2-fold form specifically associated with cellulose fibril surfaces (Figure 2b).[3] The 2D ¹³C CP-

refocused INADEQUATE spectra revealed the characteristic xylan resonances in both LCAt WT 

and hCNFAt WT (Figure 2c). The carbon-4 signals appeared at ~82.2 ppm (Xn42f) and ~72.4 ppm 

(Xn43f), and the carbon-5 signals at ~64 ppm (Xn52f and Xn53f). Peaks of the 2-fold helical 

conformation (Xn2f) are highlighted in rose-brown and those of the 3-fold helical conformation 

(Xn3f) in teal. These signals confirm that both xylan conformations coexist after fibrillation. 

Their intensities, normalized to cellulose, were modestly reduced in the hCNFs, consistent with 

the higher glucose-to-xylose ratio measured in the hCNFs (9.3; Figure S10b) relative to the 

parent LCAt WT (4.1; Figure S1d). This reflects a relative depletion of xylan, likely due to 

.CC-BY 4.0 International licensemade available under a 
(which was not certified by peer review) is the author/funder, who has granted bioRxiv a license to display the preprint in perpetuity. It is 

The copyright holder for this preprintthis version posted June 11, 2026. ; https://doi.org/10.64898/2026.06.07.730583doi: bioRxiv preprint 

https://doi.org/10.64898/2026.06.07.730583
http://creativecommons.org/licenses/by/4.0/


  

10 
 

preferential retention of cellulose-rich fibrils during the selective collection of the colloidal 

hCNF fraction (See the separation scheme in Figure S5). 

To probe cellulose–xylan interactions, 2D ¹³C CP proton-driven spin diffusion (PDSD) MAS 

NMR experiments were performed with a 30 ms mixing time, which reports short-range ¹³C–

¹³C proximities. Clear cross-peaks between the intramolecular xylan C4 and C5 carbons of the 

2-fold helical conformation (Xn42f → Xn52f) were observed in both LC and hCNF samples 

(Figure 2e). Because this 2-fold helical conformation is known to depend on cellulose 

binding,[3] the cross-peak serves as an intramolecular marker of cellulose-bound 2-fold xylan 

— rather than a direct cellulose–xylan contact — providing indirect evidence that cellulose-

associated 2-fold helical xylan persists in the hCNFs. Together, these results indicate that native 

xylan conformations and their interactions with cellulose surfaces are retained through 

delignification and nanofibrillation.  

 

Figure 3. Wide-angle X-ray scattering (WAXS) analysis of fibril packing in hCNFs and the 
influence of drying methods. a) WAXS profiles of all hCNF samples (bottom three traces) and 
hCNFBn WT films prepared using different drying methods (top three traces), showing the 
characteristic diffraction features of cellulose Iβ (combined 1–10/110, 200, and 004 reflections). 
b) Lattice spacing (d200, left y-axis) and crystallite width (L200, right y-axis) derived from the 
200 reflection after peak deconvolution (see Figure S12 for an example of the deconvolution). 
Data are presented as mean ± SD (n = 4). Columns not sharing the same letter are significantly 
different according to Tukey’s test at the 5% significance level. 

2.3 Cellulose crystalline organization probed by wide-angle X-ray scattering 

Wide-angle X-ray scattering (WAXS) was employed to assess whether hCNF isolation altered 

cellulose crystalline organization. All hCNF films exhibited diffraction patterns characteristic 

of cellulose Iβ, with the combined 1–10/110, 200, and 004 reflections (Figure 3a). Peak 
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positions closely resembled those reported for wood[34–37] and CNFs[18,29], differing from those 

of highly crystalline cellulose sources such as cotton, bacterial, tunicate and valonia 

cellulose.[35,38] 

Crystallite widths (L200) and interplanar spacings (d200) were extracted using a cellulose Iβ unit- 

cell model (Figure 3b).[39] hCNFAt gux1/2 displayed a slightly larger d200 spacing than hCNFAt WT 

and hCNFBn WT, potentially reflecting modified interfibrillar organization or denser xylan 

binding. In contrast, hCNFBn WT exhibited a modestly larger crystallite width (L200), consistent 

with limited interfibrillar co-crystallization or fibril fusion.[40] 

To evaluate the influence of drying on cellulose nanofibril co-crystallization, hCNFBn WT films 

were prepared by air-drying, freeze-drying, and oven-drying. The drying method had negligible 

effects on d-spacing (d200) and only minor effects on crystallite width (L200) (Figure 3b), 

indicating that irreversible fibril fusion or extensive co-crystallization is limited under these 

conditions. 

2.4 Fibril widths and comparison with cellulose Iβ models 

2.4.1 hCNF fibril widths are consistent across lignocellulosic sources 

Fibril widths were quantified using both negatively stained TEM and cryo-TEM. TEM yielded 

average apparent widths of ~4.8 nm (Figure 4a), whereas cryo-TEM measurements in the near-

native hydrated state gave narrower widths of ~3.0–3.2 nm, with hCNFAt WT being the smallest 

(3.07 nm). The larger mean widths measured by TEM are attributed to a systematic offset from 

staining artifacts, whereas the broad width distributions in both methods likely reflect intrinsic 

fibril-to-fibril variability and differences in fibril orientation during imaging. The TEM width 

values are consistent with or slightly larger than those reported for softwood hCNFs.[18]  

2.4.2 Partial enzymatic removal of xylan modestly reduces fibril widths 

To determine the contribution of xylan to the apparent fibril width, hCNFs were treated with a 

xylanase cocktail (GH10 xylanase, GH115 glucuronidase, CE4 acetyl esterase; Figure 4b; See 

Figure S13 for the xylanase-treated hCNF (xyl-hCNF) suspensions). This treatment removed 

~55–57% of xylan from At WT and Bn WT hCNFs, but only ~30% from At gux1/2, indicating 

less accessible xylan association in the mutant. Previous studies have shown that xylanases 

hydrolyze only approximately 30–35% of the xylan associated with pulp-derived cellulose,[17,41]  
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Figure 4. Cryo-TEM–derived fibril widths of xylanase-treated hCNFs (xyl-hCNfs) provide an 
experimental estimate of native xylan-bound hCNFs and agree with modeled cellulose Iβ 
microfibril dimensions. a) Width distributions of hCNFs measured from TEM and cryo-TEM 
micrographs, with corresponding mean values (n = 700–800). b) Schematic illustrating 
enzymatic treatment of hCNFs with a xylanase cocktail and the residual xylose remaining in 
xylanase-treated hCNFs (xyl-hCNFs). c) Width distribution and mean values for xyl-hCNFs 
determined from TEM and cryo-TEM micrographs (n = 700–800). d) Modeled fibril widths for 
18- and 24-chain cellulose Iβ fibrils with different cross-sectional habits (234432, 333333, 
12333321, 33333333, and 12345432). See Figures S16–S17 for details of the cellulose Iβ 
microfibril models and fibril size-distribution analysis. Means not sharing a common letter are 
significantly different as determined by Tukey’s test at the 5% significance level. 

similar to the results observed for At gux1/2 hCNFs. Cryo-TEM revealed small but consistent 

reductions in fibril width (0.1–0.2 nm) following enzymatic treatment (Figure 4c; see Figure 

S14 for statistical analysis), giving a genuine estimate of native naked fibril widths compared 

to earlier research that used either drying or processing techniques in which the sample was 

modified.[18,42] A comparison of our fibril widths to those of previous literature supports this 

result (Figure S15). Together, these results indicate that partially removed xylan contributes 
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only marginally to the apparent fibril width, and that cryo-TEM of xylanase-treated fibrils 

provides a more reliable estimate of the native fibril width than methods involving drying or 

sample processing. 

2.4.3 Cryo-TEM widths agree with modeled cellulose Iβ microfibrils 

The experimentally measured widths of xylanase-treated hCNFs (2.95–3.03 nm) were 

compared with the theoretical apparent diameters of the widely accepted 18- and 24-chain 

cellulose Iβ microfibrils with different cross-sectional habits (Figure 4d). The experimental 

distributions closely matched those predicted for the 18-chain fibrils, although the 24-chain 

models could not be definitively excluded. These results are therefore consistent with current 

models of native cellulose microfibrils,[43] though we cannot rule out that the fibrils have 

somewhat different chain numbers from the predicted 18.   

2.5 Xylan content and charge govern fibrillation efficiency and colloidal stability 

2.5.1 Xylan content controls nanofibrillation efficiency 

Nanofibrillation yields, surface charge, and colloidal stability were assessed to elucidate the 

physicochemical effects of xylan structure. The nanofibrillation yield was highest for hCNFAt 

gux1/2 (~80%), followed by hCNFBn WT (~76%) and hCNFAt WT (~50%) (Figure 5a). The yield 

correlated strongly with xylan content (Figure S18), suggesting that higher xylan levels 

facilitate fibril liberation by reducing cellulose–cellulose cohesion. 

Carboxylate content did not correlate with fibrillation yield (Figure 5a), indicating that xylan 

charge is not the primary driver of fibrillation efficiency; rather, structural features such as 

xylan coverage and matrix porosity appear more influential. The enhanced fibrillation of LCAt 

gux1/2 may be linked to increased cell wall porosity, as evidenced by its greater 

saccharifiability—an indicator of disrupted lignin–carbohydrate linkages.[30] Together, these 

findings suggest that nanofibrillation efficiency correlates better with the amount of hCNF 

xylan than with the xylan charge. 

2.5.2 Xylan charge determines colloidal stabilization mechanisms 

All hCNF suspensions exhibited zeta potentials (ζ) more negative than –30 mV, indicating 

substantial surface charge (Figure 5a). This charge, however, arises from more than one source 
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— glucuronidated xylan and residual pectin (present in the At samples but not in the Bn WT 

sample) — which complicates interpretation of the static ζ values.  

 

Figure 5. Physical characterization of hCNF colloidal suspensions links nanofibrillation 
efficiency to xylan content and colloidal stability to xylan charge. a) Degree of nanofibrillation, 
carboxylate content (conductometric titration), and zeta potential of hCNF colloidal 
suspensions. Nanofibrillation efficiency was assessed by comparing the dry mass of hCNFs in 
the supernatant with that in the polydisperse suspension after centrifugation (see separation 
scheme in Figure S5). b) Zeta-potential (ζ) measurements of hCNFs as a function of increasing 
NaCl concentration to assess the stabilizing mechanism. c) Schematic illustrating the proposed 
mechanisms of colloidal stabilization in different hCNF suspensions. d) Light transmittance at 
600 nm of freshly prepared and redispersed hCNFs after freeze-drying, and of xylanase-treated 
hCNF (xyl-hCNF) suspensions. Data are presented as mean ± SD (n = 4) for (a) and (b). For 
(d), data represent 2–3 formulations with three technical replicates and three measurements per 
replicate. Mean values not sharing the same letter are significantly different according to 
Tukey’s test at the 5% significance level. 

To disentangle electrostatic from steric contributions to colloidal stability, suspensions were 

titrated with NaCl to progressively screen the surface charge (Figure 5b). For hCNFBn WT, ζ 

decreased approximately linearly with NaCl concentration and colloidal stability was markedly 

reduced, consistent with predominantly electrostatic stabilization by glucuronidated xylan. In 

contrast, hCNFAt WT and hCNFAt gux1/2 showed a quadratic decrease in ζ and lost stability to a 
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lesser extent, indicating an additional, charge-independent steric contribution — attributable to 

surface-associated xylan and pectin — that becomes relatively more important where 

glucuronidation is low or absent. Schematic representations of these proposed mechanisms are 

shown in Figure 5c. 

We next investigated the aggregation characteristics of the hCNF suspensions using UV 

transmittance assays. hCNFs with glucuronidated xylan exhibited higher transmittance (%T at 

600 nm) than hCNFs with non-glucuronidated xylan (Figure 5d). Figure S19a shows the 

transmittance of hCNFs as a function of concentration, revealing increased flocculation at 

higher concentrations. Optical transmittance was used as a proxy for redispersibility after 

freeze-drying and revealed that hCNFs with glucuronidated xylan (At WT, Bn WT) had good 

redispersibility and aggregation resistance, losing only 9-15% of their transmittance after 

freeze-drying (Figure 5d, see Figure S19b for additional transmittance data as a function of 

suspension concentration). Partial xylan removal had little effect on transmittance (Figures 5d 

and S19b-c), suggesting that two-fold helical xylan remains bound and maintains interfibrillar 

spacing. Furthermore, centrifugation and vortexing experiments differentiated interfibrillar 

behaviors: xylanase-treated At gux1/2 hCNFs showed pronounced flocculation after 

centrifugation that resolved only upon vortexing, whereas glucuronidated samples (At WT, Bn 

WT) flocculated minimally and remained colloidally stable and visually clear throughout 

(Figure S20). These results demonstrate that xylan structure — specifically charge — rather 

than the amount of xylan, governs suspension stability. Freeze-drying had no significant effect 

on fibril interactions (Figure S19d). 

2.6 Moisture sorption, thermal stability, and mechanical performance 

2.6.1 Water interactions are modulated by xylan charge 

Dynamic vapor sorption (DVS) was employed to quantify the moisture sorption behavior of 

hCNFs. The isotherm profiles of hCNFs (Figure 6a) are typical of systems with strong polymer–

polymer and polymer–solvent interactions.[44] Low (aw < 0.2), medium (0.2 ≤ aw ≤ 0.7), and 

high (aw > 0.7) water-activity regimes were identified in the DVS isotherms (Figure 6a). The 

hCNFAt gux1/2 sample, containing non-glucuronidated xylan, exhibited lower water sorption in 

the low and medium water-activity (aw) regimes than the samples containing glucuronidated 

xylan (hCNFAt WT and hCNFBn WT). This behavior indicates reduced accessibility of hydrophilic 

binding sites and weaker water–polysaccharide interactions, consistent with the absence of 
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glucuronic acid substituents that otherwise promote hydration and swelling. The reduced 

sorption in these regimes suggests more tightly associated xylan–cellulose interfaces, limiting 

both strongly bound water uptake and the onset of multilayer adsorption. Consistent with this, 

Park model fitting of the DVS isotherms yielded a lower Kd value for hCNFAt gux1/2 (0.12) than 

for the samples containing glucuronidated xylan (0.15; Table S5 and Figure S21). Because Kd 

reflects the affinity and capacity of the polymer matrix for water in the Henry’s law dissolution 

regime, the reduced Kd confirms diminished water–polysaccharide interactions and fewer 

effective hydrophilic sorption sites in the non-glucuronidated xylan sample. By analogy, 

previous studies have shown that enzymatically produced CNFs possess lower surface charge 

densities than carboxymethylated CNFs, leading to reduced water sorption.[45] 

 

Figure 6. Water–activity–dependent sorption behavior and thermal stability of hCNFs. a) 
Dynamic vapor sorption (DVS) isotherms of hCNFs, showing characteristic water-uptake 
regimes at low (aw < 0.2), medium (0.2 ≤ aw ≤ 0.7), and high (aw > 0.7) water activity. The 
hCNFAt gux1/2 sample, which lacked glucuronidated xylan, exhibited reduced water sorption 
(inset) and a lower Kd value (Table S5 and Figure S21) relative to hCNFs containing 
glucuronidated xylan, indicating fewer hydrophilic binding sites and weaker water–
polysaccharide interactions. b) Representative thermal decomposition profiles of hCNFs, 
highlighting differences in decomposition temperatures. Decomposition temperatures and 
statistical comparisons are summarized in Table S6. Data are presented as mean ± SD (n = 3). 

2.6.2 Thermal stability reflects polymer composition 

The thermal stability of hCNFs was assessed by thermogravimetric analysis (TGA). All 

samples displayed the characteristic single-step thermal decomposition profile typical of 

cellulosic materials (Figure 6b).[46] The maximum decomposition temperatures (T50% and 

Tendset) followed the order hCNFAt WT > hCNFAt gux1/2 > hCNFBn WT, although the onset 

decomposition temperature (Tonset) of hCNFAt gux1/2 was slightly lower than that of hCNFBn WT 
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(Figure 6b and Table S6). This order broadly correlates with the glucose-to-xylose ratio (Figure 

S10b). hCNFAt gux1/2 yielded the lowest final residue, likely reflecting differences in xylan 

substitution such as carboxylic acids have been reported to influence residue formation.[47,48] 

Overall, these results suggest that the thermal stability of hCNFs is broadly correlated with the 

glucose-to-xylose ratio, whereas the final residue is affected by xylan charge. 

2.6.3 Mechanical performance of hCNF films 

All hCNF films exhibited high transparency when placed directly on a printed logo (Figure 7a). 

At a distance of 1.5 cm, hCNFBn WT films were the most transparent, followed by hCNFAt WT 

and hCNFAt gux1/2 (Figures 7a and S22), reflecting differences in fibril dispersion, bundling, and 

interfibrillar interactions. 

Mechanical testing under dry conditions revealed similar maximum tensile strength (σt) and 

Young’s modulus (E) across all films (Figure 7a and Table S7). The tensile strain at break (εb) 

followed the order hCNFBn WT (6.9 ± 1.1%) > hCNFAt WT (6.6 ± 1.0%) > hCNFAt gux1/2 (5.3 ± 

0.6%) (Figure 7b and Table S7). The lower strain observed for hCNFAt gux1/2 may be related to 

its higher xylan content and the absence of glucuronic acid substituents, consistent with 

previous reports that films composed of short polymers such as xylan tend to be more brittle 

and less extensible.[46,49] 

In the wet state, the two films with xylan glucuronidation (from At WT and Bn WT) retained 

only about 8–9% of their dry-state tensile strength (σt) (Figures 7a–b and Table S7), consistent 

with previous observations that pulp-based paper sheets retain less than 10% of their original 

strength upon wetting.[50] In all films, the tensile strain at break (εb) increased upon wetting, 

reflecting plasticization by water, although the magnitude of this increase varied: εb rose 

roughly tenfold for the  two films with xylan glucuronidation but only about threefold for 

hCNFAt gux1/2. Indeed, hCNFAt gux1/2 was a notable exception across all measures, performing 

markedly worse: it retained only ~1% of its dry σt, and its wet σt and εb were approximately 6- 

and 4-fold lower, respectively, than those of the other two films, with a correspondingly lower 

wet Young's modulus.  

This poorer wet performance may reflect weaker interfibrillar cohesion, potentially arising from 

the absence of glucuronic acid substituents on the xylan, since surface charges in papermaking 

fibers are known to enhance wet strength.[51] In line with this, atomistic simulations indicate 

that water can act as a molecular lubricant at cellulose–hemicellulose interfaces, weakening 
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interpolymer interactions upon hydration[52] — a mechanism that would amplify the wet-

strength loss seen here, particularly in the charge-deficient hCNFAt gux1/2. In addition, the 

tendency of these hCNFs to aggregate could alter film porosity. Consistent with this, WAXS 

analysis of the hCNFAt gux1/2 film indicated less dense fibril packing (increased d200; Figure 3b), 

which would facilitate water penetration upon wetting. 

 

Figure 7. Nanopaper film fabrication, visual transparency, and mechanical properties of hCNF 
films.  a) Schematic illustrating hCNF nanofilm/paper fabrication and tensile testing under dry 
and wet conditions, together with photographs demonstrating film transparency. Images were 
captured at 0 and 1.5 cm distance from a printed logo (see additional images in Figure S22). 
Representative stress–strain curves of hCNF films were measured in the dry state (top x-axis) 
and wet state (bottom x-axis). Quantitative tensile data are summarized in Table S7 (mean ± 
SD, n = 8–9). b) Radar plot comparing the tensile properties of hCNF films, revealing that the 
hCNFAt gux1/2 film exhibited significantly reduced stress and strain in the wet state, whereas all 
films showed comparable behavior in the dry state. c) Representative stress–strain curve of 
hCNFBn WT nanopaper films (27 μm thickness) derived from Brassica napus under dry 
conditions, included to benchmark mechanical performance against previously reported 
lignocellulosic nanopapers (see Figure S23). Values are presented as mean ± SD (n = 4). 
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Taken together, these results show that the influence of xylan structure on hCNF film 

mechanical properties depends strongly on hydration state. In the dry state, all films behaved 

similarly, with only modest differences in extensibility that tracked xylan content and the loss 

of glucuronic acid substituents in hCNFAt gux1/2. Upon wetting, however, these compositional 

differences became pronounced: although all films lost most of their strength and became more 

extensible through plasticization, hCNFAt gux1/2 was disproportionately weakened, indicating 

that charged xylan substituents and dense fibril packing are key determinants of wet 

interfibrillar cohesion. Overall, xylan structure exerts its greatest influence on film mechanical 

properties most strongly under wet conditions, and retaining native glucuronic acid substitution 

on xylan therefore appears important for producing hCNF materials with useful wet-state 

mechanical performance. 

2.6.4 Preserving xylan improves mechanical properties in hCNF films 

To evaluate whether preservation of the native cellulose and xylan structures leads to improved 

film performance relative to chemically modified systems, the mechanical properties of hCNFBn 

WT (27 μm thickness) derived from Brassica napus, a commercially relevant lignocellulosic 

source, were compared with those of previously reported CNF films (Figure S23). These thicker 

hCNFBn WT films exhibited a high tensile strength (σt) of 274 ± 34 MPa and a tensile strain at 

break (εb) of 10.7 ± 1.2% (Figure 7c). The resulting combined stress–strain performance 

exceeded that reported for nearly all CNF films produced via chemical modification, the sole 

exception being a film with nematic or anisotropic ordering (data point 13, Figure S23), whose 

directional alignment confers both high strength and enhanced extensibility. Overall, these 

results suggest that reassembly of native hCNF building blocks into films can yield mechanical 

properties that are comparable or superior to those of films fabricated from chemically modified 

CNFs, highlighting the potential of structurally preserved hCNFs for high-performance, 

sustainable materials. 

3 Discussion 

The central motivation of this work was to address a fundamental limitation in current cellulose 

nanofibril (CNF) production strategies: the loss of native cellulose–hemicellulose structure and 

interactions caused by harsh chemical and mechanical processing.[10,12] Conventional pulping 

and chemical modification enable effective fibrillation but fundamentally alter the native 

cellulose–hemicellulose structure,[7–9] disrupting the molecular architecture that supports the 
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remarkable mechanical and functional capabilities of plant cell walls. Consequently, although 

nanocellulose materials can be manufactured on a large scale, their structures and properties 

frequently differ markedly from those of natural biomass, and the opportunity to exploit natural 

biomass variation is thereby lost. This study addresses that challenge by showing that 

holocellulose nanofibrils (hCNFs) can be isolated while preserving the native cellulose 

structure, xylan fine structure (substitution and conformation), and cellulose–xylan interactions, 

thereby enabling a more faithful application of biological design principles in engineered 

materials. We combined mild delignification, genetic variation in xylan structure, and 

multiscale characterization to demonstrate that the retained structures and interactions underpin 

behavior across molecular, colloidal, and macroscopic length scales. 

3.1 Conservation of native cellulose–xylan structures as a basis for structure–property 

correlations 

Retaining the natural polymer organization throughout processing is essential for establishing 

meaningful structure–property correlations. The integrated PACE and MAS NMR 

investigations (Figures 1c and 2a,c) indicate that the glucuronidation and acetylation patterns 

of xylan, together with the cellulose structure, remained fundamentally unaltered throughout 

delignification and hCNF isolation. Indeed, we recently extended the approach to poplar hCNFs, 

describing in detail the cellulose Iβ glucosyl environments.[27] The persistence of both two-fold 

and three-fold helical xylan conformations (Figures 2c,e) confirms that native cellulose–xylan 

interactions survived delignification and mechanical fibrillation. This preservation 

distinguishes the present hCNFs from conventional CNFs generated through one/more pulping 

and chemical functionalization-treatments, in which hemicellulose removal or chemical 

alteration markedly modifies fibril surface chemistry and arrangement.[7–11]  

The 13C MAS NMR spectra of the isolated hCNFs were better resolved than those of the intact 

lignocellulose (Figures 2c–d, Figure S11c). Critically, this resolution gain reflects fractionation 

rather than structural change: because the cellulose 13C chemical shifts were unaltered (Table 

S4), the sharper spectra report a cleaner population of native fibrils rather than a processing-

induced polymorph — direct molecular evidence that isolation selects, rather than reconstructs, 

native cellulose. The same fractionation that sharpened the spectra should also narrow the fibril 

population, a prediction borne out by the tight width distributions measured by TEM and cryo-

TEM (Figures 4a,c), with no sign of recrystallization or polymorphic transition (Figure 3a,b). 

Together, these molecular-level observations establish the structural foundation for all 
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subsequent findings and confirm the isolation procedure as one that maintains, rather than 

disrupts, the native nanofibril architecture.  

3.2 Correlating molecular structure with fibril morphology and crystalline organization 

The nanoscale morphology obtained by TEM and cryo-TEM (Figures 4 a,c) aligns well with 

the conserved cellulose molecular structure indicated by MAS NMR. The cryo-TEM widths of 

fibrils in the near-native hydrated state are around 3 nm (Figure 4c) and closely match with the 

predicted apparent diameters of 18-and 24-chain cellulose Iβ elementary fibrils[43] with different 

cross-sectional habits (Figure 4d). Beyond experimental error in interpreting low-contrast EM 

images, the partial xylan coating and the viewing of fibrils from different angles (owing to fibril 

twisting and interaction with the grid) may account for some of the spread in measured widths. 

The partial enzymatic removal of accessible xylan produced only a small decrease in fibril 

width (Figures 4a,c), suggesting that xylan forms a thin, conformationally defined interfacial 

layer[3,4] rather than a thick, disordered surface coating. A substantial fraction of xylan persisted 

unhydrolyzed (Figure 4b), likely inaccessible to the enzyme. This residual xylan may consist 

predominantly of two-fold helical xylan bound to cellulose surfaces, which renders it 

inaccessible to the xylanase — an enzyme that requires a free xylan backbone for cleavage.[53] 

Alternatively, steric hindrance may impede xylanase access to xylan within some hCNF 

bundles (Figure S7). This interpretation is consistent with the MAS NMR detection of surface-

bound two-fold helical xylan (Figures 2c,e) and helps explain why fibril widths remained tightly 

constrained across different plant sources (Figures 4 a,c). 

WAXS measurements (Figures 3a,b) further reinforce this picture. Despite differences in xylan 

content and substitution, all hCNFs exhibited the characteristic cellulose Iβ diffraction pattern 

with only modest variations in crystallite width and interplanar spacing (Figures 3a,b), in 

contrast to the substantial increase in crystallite lateral dimensions reported after hydrothermal 

pretreatment.[40] These small differences are consistent with xylan-mediated modulation of 

interfibrillar packing rather than disruption of the cellulose crystalline core (Figure 3b). The 

absence of strong drying effects on crystallite dimensions (Figure 3b) indicates that co-

crystallization and irreversible fibril fusion are limited under the processing conditions used, 

preserving the individuality of the elementary fibrils. Notably, the cellulose Iβ diffraction 

patterns of the hCNFs reflect contributions from both individual and loosely bundled fibrils, as 

seen in TEM and AFM images (Figures S7–8). 
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3.3 Distinct roles of xylan content and xylan structure in nanofibrillation and colloidal behavior 

Using tailored, genetically modified biomass, we show that nanofibrillation efficiency and 

colloidal stability reflect the distinct roles of xylan content and xylan structure, respectively. 

Nanofibrillation efficiency correlated strongly with xylan content, with higher xylan levels 

facilitating fibril liberation during mechanical processing (Figures 5a and S18). This behavior 

is consistent with xylan acting as a spacer within the cell wall, reducing cellulose–cellulose 

cohesion[5,13–15] and enabling more efficient fibrillation. Cell wall porosity may contribute 

alongside xylan content: LCAt gux1/2 undergoes markedly more saccharification than the wild 

type, likely owing to disrupted lignin linkages,[30,31] which could further ease fibril liberation. 

Xylan charge, by contrast, did not correlate with fibrillation efficiency (Figure 5a), indicating 

that these structural and architectural factors — rather than electrostatics — govern 

nanofibrillation. 

In contrast, the colloidal stability and interaction behavior of the resulting hCNFs were 

governed primarily by xylan glucuronidation. Glucuronidated xylan conferred electrostatic 

stabilization,[21] yielding colloidally stable, redispersible suspensions that resisted aggregation 

even after freeze-drying (Figures 5a–d and S20). Non-glucuronidated xylan, although 

promoting fibrillation through its higher content (Figure S18), provided predominantly steric 

stabilization and was more tightly associated with cellulose surfaces, as evidenced by reduced 

enzymatic accessibility (Figure 4b) and enhanced aggregation under centrifugation (Figure 

S20). These contrasting stabilization mechanisms (Figure 5c) are directly traceable to the 

preserved xylan helical conformations and substitution patterns identified by MAS NMR 

(Figures 2c,e) and PACE (Figures 1c-ii and S3), respectively, illustrating how subtle structural 

distinctions shape macroscopic suspension behavior. Together, these results reveal a trade-off 

between fibrillation efficiency and suspension stability that is finely tuned by the chemical 

structure of xylan — an insight relevant to the industrial processing and formulation of 

nanocellulose products. 

3.4 Water interactions and thermal response reflect preserved cellulose–xylan interactions 

Differences in cellulose–xylan interactions also govern macroscopic functional properties, 

including water sorption and thermal behavior. The reduced moisture uptake of hCNFs 

containing non-glucuronidated xylan (Figure 6a and Table S5) reflects fewer accessible 

hydrophilic binding sites and tighter cellulose–xylan association, consistent with the steric 
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stabilization and lower enzymatic accessibility of these samples. In contrast, glucuronidated 

xylan enhanced hydration capacity, consistent with its electrostatic role in colloidal stability. 

These hydration tendencies are mirrored in the thermal decomposition behavior: differences in 

decomposition temperature and char yield tracked the glucose-to-xylose ratio and xylan 

glucuronidation (Figures 6b and S10b) rather than any alteration in cellulose structure, 

reinforcing the conclusion that the cellulose Iβ organization is preserved (WAXS data, Figure 

3). Collectively, these findings highlight the role of xylan in regulating polymer–water 

interactions — and, through them, secondary physicochemical properties — while the cellulose 

structural framework remains intact (MAS NMR data; Figure 2c). In other words, the molecular 

design of hemicellulose can be used to tune moisture and thermal response without 

compromising the cellulose structural framework. 

3.5 Translation of native nanoscale architecture into macroscopic film performance 

All the preceding structural and physicochemical differences converge in the mechanical 

performance of hCNF films. The similar dry stiffness and strength across all films (Figure 7b 

and Table S7) reflect the conserved cellulose structure and fibril dimensions demonstrated by 

MAS NMR, WAXS, and TEM/cryo-TEM — the dry response is set by the cellulose structural 

framework, which is common to all three sources. The differences in extensibility, wet strength, 

and transparency (Figures 7a–c and Table S7), by contrast, arise from variations in interfibrillar 

cohesion, packing density, and hydration — properties shaped by the xylan structural features 

identified in the physicochemical analyses. Films containing glucuronidated xylan showed 

better wet mechanical performance, traceable to the stronger electrostatic interactions and 

denser fibril networks that mitigate water-induced weakening; conversely, the poorer wet 

performance of non-glucuronidated films followed from their lower electrostatic stability, 

greater tendency to aggregate, and looser packing (WAXS, Figure 3b). The wet state thus 

discriminates between sources that the dry state does not, precisely because it is governed by 

the xylan-dependent interfibrillar properties rather than the conserved cellulose core. 

This architecture-to-property mapping is what allows native biomass variation to be exploited 

directly. Thicker films from Brassica napus hCNFs exhibited remarkable combined strength 

and extensibility, surpassing nearly all chemically modified CNF systems reported in the 

literature,[18–21,23] with the sole exception of an anisotropically ordered film (Figure S23). That 

a structurally preserved, minimally processed material can match or exceed chemically 

engineered systems underscores the central benefit of this approach: preserving native 

.CC-BY 4.0 International licensemade available under a 
(which was not certified by peer review) is the author/funder, who has granted bioRxiv a license to display the preprint in perpetuity. It is 

The copyright holder for this preprintthis version posted June 11, 2026. ; https://doi.org/10.64898/2026.06.07.730583doi: bioRxiv preprint 

https://doi.org/10.64898/2026.06.07.730583
http://creativecommons.org/licenses/by/4.0/


  

24 
 

cellulose–hemicellulose interactions, rather than compensating for their absence through post-

synthetic chemical modification. 

4 Conclusions 

We demonstrate that hemicellulose is not merely an obstacle to processing but an essential 

structural element that influences nanofibril isolation, interaction, and performance. Xylan 

content governs the efficiency of hCNF nanofibril liberation, whereas the fine structure of xylan 

governs interactions among the nanofibrils, their interaction with water, and their behavior 

under mechanical stress. By maintaining the native cellulose–xylan architecture from isolation 

through assembly, this study uncovers direct, multiscale structure–property connections that are 

typically obscured in conventional CNF systems. 

Our findings point toward a shift in nanocellulose processing — away from routes that rely on 

chemical deconstruction followed by re-adsorption of hemicellulose onto isolated cellulose, 

and toward strategies that preserve and exploit the inherent design of plant cell walls. 

Combining genetic engineering of hemicellulose architecture with mild extraction offers a 

robust route to sustainable, high-performance materials that more closely approach the 

efficiency and function of natural biomass. More broadly, these results establish hemicellulose 

fine structure as a tunable design lever: because xylan substitution can be altered genetically 

without disrupting cellulose assembly, properties such as colloidal stability, hydration, and wet-

state mechanical performance can be tuned at the level of the living plant, before any processing 

begins. This reframes the plant cell wall not as feedstock to be deconstructed and rebuilt, but as 

a biosynthetic platform whose native architecture can be engineered directly — a principle we 

expect to extend to other cell wall polymers and biomass sources in the design of next-

generation bio-based materials. 

Experimental Section 

Experimental details are provided in the Supporting information. 
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