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Summary

 

•

 

Here we analyzed the shape of the central vacuole of 

 

Acetabularia acetabulum

 

by visualizing its development during diplophase (from juvenility through reproduction)
and haplophase (from meiosis through mating).
• Light microscopy and whole-organism applications of a pH-sensitive dye, neutral
red, were used to visualize the anatomy of the central vacuole. We studied connectivity
within the thallus by locally applying dye to morphologically distinct regions (rhizoid,
stalk, apex, hairs) and observing dye movements.
• In vegetative thalli most of the rhizoid, stalk and young hairs stained with dye.
In reproductive structures (caps, gametangia) dye also stained the majority of the
interiors. When applied to small areas, dye moved at different rates through each region
of the thallus (e.g. within the stalk). Dye moved from younger hairs, but not from
older hairs, into the stalk. Errors in incorporation of central vacuole into gametangia
occurred at <10

 

−

 

5

 

.
• These data indicate that the central vacuole of 

 

A. acetabulum

 

 is a ramified polar
organelle with, potentially, a gel-like sap that actively remodels its morphology during
development.
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Introduction

 

The central vacuole is a multifunctional organelle essential for
the viability of plant cells (Rojo 

 

et al

 

., 2001). Vacuoles of plant
cells have numerous functions: storing proteins, amino acids
and ions; maintaining cytoplasmic homeostasis; sequestering
toxins, pigments and metabolites; providing an optimally
acidic compartment for hydrolytic enzymes; and generating
turgor for cell expansion (Marty, 1999). Occupying 90–95%
of the volume of the cells of plants (Weibe, 1978), the central
vacuole maximizes both the surface-to-volume ratio of the
cytoplasm (Weibe, 1978) and the surface area of cytoplasm in
contact with the environment. As part of the endomembrane
system, vacuoles have important roles in many aspects of
development and signal transduction (Surpin & Raikhel,
2004). Vacuole biogenesis, protein targeting and trafficking
mechanisms (Di Sansebastiano 

 

et al

 

., 1998; Frigerio 

 

et al

 

., 2001;
Gao 

 

et al

 

., 2004; Hicks 

 

et al

 

., 2004), as well as more classical

studies of ion flux across the tonoplast, are important areas of
study in multicellular plants. There is now broad recognition
of the complexity of this endomembrane system and acceptance
that there are at least two functionally distinct vacuolar compart-
ments, protein storage and lytic vacuoles, that are, respectively,
pH neutral or acidic (Paris 

 

et al

 

., 1996; Di Sansebastiano

 

et al

 

., 1998, 2001) and that are marked by specific tonoplast
intrinsic proteins (Paris 

 

et al

 

., 1996; Jauh 

 

et al

 

., 1999; Jiang

 

et al

 

., 2000). The two or three subcellular routes (e.g. passage
through Golgi or endoplasmic reticulum) by which these
vacuoles are made, maintained and merged during the
development of various tissues have begun to be elucidated
(Matsuoka 

 

et al

 

., 1995; Jiang & Rogers, 1997; Jauh 

 

et al

 

.,
1999; Jiang 

 

et al

 

., 2000, 2001; Di Sansebastiano 

 

et al

 

., 2001).
As part of our interest in mechanisms of regional morpho-

genesis (Dumais 

 

et al

 

., 2000; von Dassow 

 

et al

 

., 2000) and RNA
localization in 

 

Acetabularia acetabulum

 

 (Serikawa 

 

et al

 

., 2000;
Henry 

 

et al

 

., 2004), in this paper we explore suborganellar
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differentiation and morphogenesis of what we initially hypothe-
sized might be a giant, central vacuole in an organism that
builds and maintains a complex shape, despite being a giant
unicell. Is this central vacuole regionally differentiated, fulfill-
ing the myriad of functions and developmental behaviors of
the central vacuoles in multicellular plants (Di Sansebastiano

 

et al

 

., 2001; Flückiger 

 

et al

 

., 2003; Hicks 

 

et al

 

., 2004) – or is
it a simple central vacuole that merely serves as a hydrostatic
driver of growth? To answer these questions we needed to know
if this really was a single morphologically complex central vacuole,
and the degree to which it changes shape during development.

During development 

 

A. acetabulum

 

 (Fig. 1), a giant unicel-
lular marine green alga, grows from 10 µm to 35 mm high
(Nishimura & Mandoli, 1992b), a 3500-fold increase in
length. Stalk elongation and hair initiation in the vegetative

alga occur primarily at the stalk apex (von Dassow 

 

et al

 

.,
2000). Both kinds of laterals, vegetative hairs and reproduc-
tive gametophores, are merely extensions of the stalk wall; in
the adult phase cytoplasm streams from the stalk and into
young hairs and back in healthy thalli, whereas older hairs
become transparent and are eventually shed (Nishimura &
Mandoli, 1992b), leaving a scar on the cell wall (Berger &
Kaever, 1992). During reproduction a cap is generated by
radial growth of specialized laterals, the gametophores, where
they join the stalk (Serikawa & Mandoli, 1998). After meiosis,
haploid nuclei undergo 10–11 rounds of mitosis and are
transported to the cap (Nishimura & Mandoli, 1992b), pro-
bably on an actin cytoskeleton (Menzel, 1986). Once packaged
into gametangia, these haploid nuclei undergo another 10–11
rounds of mitosis (Mandoli & Larsen, 1993). During formation

Fig. 1 Anatomy of Acetabularia acetabulum 
during development. The giant central vacuole 
was visualized with ≈0.1% (w/v) neutral red 
dye. The entire thallus of all individuals stained, 
except for the stalk of some very old 
reproductive algae that had completed 
gametangia formation but retained the central 
vacuole (lowest panel). Bars, 0.125 mm.
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of gametangia the cytoplasm and nuclei are arranged by the
cytoskeleton (Menzel, 1986, 1994; Menzel & Elsner-Menzel,
1990). Surprisingly, the basic anatomy and morphology of the
central vacuole, the largest subcellular compartment, during
growth and development have never been documented.

Prior studies of the 

 

A. acetabulum

 

 vacuole have focused on the
electrophysiology of the tonoplast (Gradmann, 1975; Freudling
& Gradmann, 1979; Mummert & Gradmann, 1991; Amtmann
& Gradmann, 1994). The vacuole of 

 

A. acetabulum

 

 responds
to wounds by retracting away from the wound site bidirection-
ally, then initiates healing via fusion of the vacuolar fragments
across the wound site (Fester 

 

et al

 

., 1993). Hairs of 

 

A. acetabulum

 

may increase the efficiency of both nutrient uptake and
photosynthesis by virtue of their large surface area relative to
the stalk (Gibor, 1973), but whether or not they are vacuolated
is not known. To the best of our knowledge, there are no pre-
viously published data on the degree to which any portion of
this giant unicell is vacuolated during its life cycle.

Our study is the first to examine the anatomy, development,
and morphogenesis of the central vacuole of 

 

A. acetabulum

 

.
The central vacuole of 

 

A. acetabulum

 

 is easily accessible and
manipulated, providing an excellent system in which to study
vacuole morphology and development. In the long term, we
are interested in the relationship between the central vacuole
in the distinct functional regions of the unicell (e.g. stalk, hairs,
cap and gametangia) and the anatomy and morphogenesis of
the thallus as a whole during development.

To study the homogeneity and morphogenesis of the central
vacuole, we measured the rates of dye movement through various
regions of the thallus. Using light microscopy and a vacuole-
specific vital dye, we determined the morphology of the central
vacuole throughout the algal thallus during development, and
observed morphological changes in the extent and shape of the
central vacuole that occur in conjunction with hair shedding
and packaging of nuclei and cytoplasm into the haplophase
(gametangia).

 

Materials and Methods

 

Acetabularia

 

 culture

 

A genetically heterogeneous lineage of wild-type 

 

Acetabularia
acetabulum

 

 (L.) Silva (Dasycladales), Aa0005 (a.k.a. Ladenburg
17), was used for most experiments. Additionally, individuals
of two wild-type near-isogenic lines, QU

 

χ

 

6MSA4H23 and
QU

 

χ

 

6MSI7X2, were also used to explore hair maturation and
vacuolar volume, respectively (see Figs 3, 4 later). All phases of
the life cycle were cultured according to Serikawa 

 

et al

 

. (2000).

 

Photography

 

Digital images, taken through a dissecting microscope, were
captured directly either into a computer or onto a memory
card of a Nikon Coolpix 990 digital camera. Images were

manipulated in Adobe 

 



 

 4.0 and made into figures
in Macromedia 

 



 

 9.0. No modifications were made
that altered the data in any image. Individual algae were
photographed either before or after staining.

Because it was more accurate, we measured the lower angle
described by the hairs and the stalk (between hairs and stalk below
each whorl when the apex was pointing up) from photographs
using the public domain 

 

 

 

 computer program (devel-
oped at the US National Institutes of Health and available at
http://rsb.info.nih.gov/nih-image) on a Macintosh computer,
then calculated the complementary (upper) angle.

 

Measurements and calculation of vacuolar volume and 
surface area

 

Measurements of cell dimensions (and distance of dye movement)
were determined using an ocular micrometer on a Nikon
dissecting microscope that had been calibrated with a laser-
etched stage micrometer.

Vacuolar volume and surface area of vegetative individuals
were calculated using the following formulae:

Volume of vacuole = [

 

π

 

(segment radius 

 

−

 

 thickness of cell 
wall & cytoplasm)

 

2

 

 

 

×

 

 (segment length)] 

 

×

 

 number of 
segments per whorl

Surface area of vacuole = [2

 

π

 

(segment radius 

 

−

 

 thickness of 
cell wall & cytoplasm) 

 

×

 

 (segment length)] 

 

×

 

 number of 
segments per whorl

The cytoplasm in the stalk, which was about as thick as the cell
wall (10 µm) (Schweiger 

 

et al

 

., 1974, von Dassow 

 

et al

 

., 2000),
was taken into account in our volume calculations. All segments
of each hair were treated as perfect cylinders; although hair
tips and stalk apices are shaped as inverted cones, we assumed
that those regions were quite small relative to the segments to
which they belonged.

We approximated gametophores in reproductive individuals
as cones joined at their sides to form a cap, and calculated the
volume and surface area of the cap as follows:

Volume of cap = number of rays 

 

×

 

 [(

 

π

 

/3) 

 

×

 

 (radius of 
ray)

 

2

 

] 

 

×

 

 length of ray

Surface area of cap = number of rays 

 

×

 

 [

 

π

 

(radius of 
ray)] 

 

×

 

 [(radius of ray)

 

2

 

 + (radius of cap)

 

2

 

]

 

1/2

 

Dye preparation and staining techniques

 

Saturated solutions of neutral red were made in artificial seawater
with a pH of 7.8 (Hunt & Mandoli, 1996). Undissolved
neutral red was removed from solution by centrifugation. The
supernatant, 

 

≈

 

0.1% (w/v) solution, was used in all staining
experiments. We estimated the concentration of this solution
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by making a dilution series of completely solubilized neutral
red and comparing the color by eye with the supernatant from
the saturated solution. The value we obtained in this way,

 

≈

 

0.1%, is 10-fold less than in fresh water (Budavari, 1996).
Two staining techniques were used: one to stain whole

organisms, the other to stain small regions of individuals. In
whole-organism staining, individuals were immersed in 1 ml
saturated neutral red solution for periods ranging from 2 min
for a juvenile up to 1 h for a lightly calcified reproductive
alga. Stained individuals were rinsed in fresh artificial seawater
(5–7 ml per individual) for 5–15 s, then placed in 20 ml fresh
artificial seawater for 1 h (Fig. 1) or for 4 d (Fig. 2) before
observation or measurement.

To stain specific anatomical regions of individuals locally,
a small, clear piece of tygon tubing was used to restrict dye
to the desired region. Tygon tubing (5 mm diameter) was cut
into a small hollow cylinder 3–4 mm tall. Before use these
cylinders were sterilized in ethanol (95%) for 15 min and then
air-dried. A glass syringe (1 mm tip diameter) was used to apply
vacuum grease to one cut surface of the cylindrical rings of tubing.
The greased end of a ring was then placed over the region of
the alga to be stained, thus securing the rings to the Petri dish
and retaining dye inside the ring. Specific anatomical regions
were stained for 10–15 min, then individuals were transferred
to fresh artificial seawater for 18–24 h (see Figs 7, 8) or a more
specific time interval (Fig. 7) before observation.

 

Measuring the rate of dye movement

 

Regions of apex, hairs, stalk and rhizoid were locally stained
using rings of tubing and vacuum grease as described above.
In the stalk, we defined the distance the dye moved (see Fig. 5)
in one direction as one-half the total distance moved, since
dye diffused both up and down the stalk simultaneously. At
the rhizoid, hair tips and apex, the dye could move in only one
direction, so the distance the dye moved was simply the
distance the dye had traveled from the point of application.

 

Hair maturation

 

Groups of 10 late adults were transferred from culture boxes
(Sigma Catalog No. C8062) into round 20 

 

×

 

 60 mm Petri dishes
containing 5–7 ml artificial seawater. One whorl of hairs per
individual, 

 

c

 

. 20% of the thallus (Figs 3, 4), was selected for
staining with neutral red. Two to five hairs of the same whorl,

Fig. 2 Effects of 0.1% neutral red on cytoplasmic appearance after 
brief staining of the entire thallus of Acetabularia acetabulum. 
Ten individuals were used per experiment and the experiment was 
repeated three times: each datum is the mean of response of 30 
individuals. Each individual was observed at each time point from 
0 to 5760 min after staining.

Fig. 3 Hair length and width during 
development was measured on unstained 
individuals of Acetabularia acetabulum 
(no dye was used for these measurements). 
Averages ± SE of hair length and width were 
obtained from measurements of two hairs 
per whorl per individual and 10 individuals per 
developmental phase (total 40 individuals). 
Average numbers of intact whorls per alga 
were 3.3, 4.6, 4.7 and 1 for juvenile (J), 
early adult (EA), late adult (LA) and early 
reproductive (ER), respectively. Diagrams 
are drawn to scale with respect to average 
hair length.
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from secondary segments to the very tip of the hairs (Fig. 1),
were isolated with rings of tubing and vacuum grease. Saturated
neutral red (10 µl) was pipetted into the sealed ring of tubing.
After 5–10 min the dye was removed and the whole individual
was transferred into 5–7 ml fresh artificial seawater. To allow
dye movement through the thallus, these stained and washed
late adults were left for 18–24 h in fresh artificial seawater
before observation and measurement.

 

Results

 

Why neutral red was chosen as a dye

 

We were surprised to discover that the central vacuole of

 

A. acetabulum

 

 is highly resistant to gross perturbations, including
penetration by microinjection ( J. Graff, N. Fiana and D.F.M.,
unpublished results). Although we could readily inject and
follow the movement of beads or dyes in the cytoplasm with
video microscopy, any and all attempts to penetrate the central
vacuole were frustrated by passage of the needle through, or
quasi-active movement of, the vacuole away from the needle
(not shown). A second kind of experiment also indicated that
the central vacuole is very resilient: we could remove all the
cytoplasm of the stalk from around the central vacuole with
a needle which, when the cytoplasm was almost completely
removed, caused the central vacuole to collapse in volume
suddenly. We then injected the cytoplasm back and watched
the central vacuole instantaneously resume its form, size and
shape. The sudden changes in vacuolar volume we recorded
are reminiscent of phase transitions of a gel (Chin 

 

et al

 

., 2004).
Remarkably, 

 

A. acetabulum grew and developed normally
after this treatment. Thus in A. acetabulum dyes that require

microinjection into the central vacuole cannot yet be used to
study vacuole dynamics unless some means can be found to
make this organelle more penetrable.

As an alternative to microinjection, we considered dyes that
are taken up readily from the external environment. Some dyes
did not label the central vacuole at all. For example, LysoSensor
Green labeled only a dynamic, mobile population of small,
highly acidic vesicles in the cytoplasm (not shown), and so
was inappropriate for this study. Most candidate dyes are
fluorescent and require a confocal or epifluorescent micro-
scope for imaging. The giant size of the thallus rendered
most of these dyes inappropriate for visualizing the shape of
the entire central vacuole: we needed to image on a large scale
before moving to the finer one. A final major flaw of fluorescent
dyes is their narrow effective pH range (Molecular Probes,
Inc., Eugene, OR, USA).

We chose neutral red, an inexpensive, pH-sensitive dye, to
visualize gross vacuolar morphology during development and
also as a crude assay of acidity. Neutral red, N 8,N 8,3 trimethyl-
2,8-phenazine diamine monohydrochloride, is yellow at
pH ≥ 7–8 and dark red at pH ≤ 6.8 (Budavari, 1996). Neutral
red partitions rapidly into acidic compartments rendering the
anatomy and morphology of native or regenerated lytic
vacuoles visible with light microscopy (Strugger, 1935;
Hörtensteiner et al., 1992; Ehara, 1996; Di Sansebastiano
et al., 2001). Our measurements of crude extracts from
regions of the thallus suggest that most regions of this central
vacuole are acidic, except for the rhizoid region that is basic
(A. Altares and D.F.M., unpublished results; Fig. 1), thus
indicating that neutral red would enable us to visualize the
vacuole in the entire thallus. Neutral red alters aspects of cell
physiology including K+ efflux and current-voltage changes
(Ullrich et al., 1990). Neutral red will also bind to DNA in a
temperature-dependent fashion (Wang et al., 2003). Despite
these shortcomings, we reasoned that, as long as we carefully
documented its effects, neutral red would be the fastest and
least expensive way to map the gross anatomy of the central
vacuole in this giant unicell.

Morphology of the central vacuole

Whole organism staining of vegetative and reproductive
individuals clearly indicated that the vacuole ramified into
all laterals: from the stalk into each hair in the whorls of
vegetative individuals, and into each gametophore in the cap
of reproductive ones. Hairs, stalks and apices of juveniles took
up dye after ≤2 min of staining (Fig. 1) and stained dark red.
In the rhizoid of juveniles, the dye was yellow or pinkish and
discontinuous. Red dye was evident in the stalk, hairs, apex and
rhizoid of adults (Fig. 1). In reproductive thalli immediately after
nuclear transport, the central vacuole remained intact within
the stalk (Fig. 1), but as the organism aged the vacuole in the
stalk became increasing fragmented, particularly near the rhizoid.
Neutral red also stained all gametophores of the cap (Fig. 1).

Fig. 4 Calculated volumes and surface areas during development of 
Acetabularia acetabulum (see Materials and Methods). J, juvenile; 
EA, early adult; LA, late adult; ER, early reproductive. Total volume and 
surface area include both stalk and all intact whorls (solid black bars).
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These data suggest that the central vacuole in A. acetabulum
is a giant, ramified organelle that extends throughout vegetative
and reproductive thalli.

To convince ourselves that neutral red could be used in
this system as a vital dye to visualize the extent of the central
vacuole as described above, we stained the entire thallus of
populations of whole organisms for varying amounts of time,
washed them extensively in fresh seawater, then assessed the
‘health’ of each individual 24 h later (Fig. 2). ‘Healthy’ thalli
had cytoplasm that was homogeneous green in color, whereas
unhealthy cytoplasm was mottled white and green, and appeared
clumped. Health was scored both as a percentage of the length
of the stalk that was a homogeneous green (Fig. 2) and also as
the percentage of the population that recovered fully from
exposure to dye, that is, grew and developed rather than
died (not shown). After incubation of whole thalli in the dye,
nearly 100% of the cytoplasm was homogeneous, values com-
parable to or better than those of controls mock-treated but
not exposed to neutral red (Fig. 2). Only after 24 ± 1 h expo-
sures to dye did the percentage of homogeneous cytoplasm
decline. Once an individual had >90% clumped cytoplasm
(<10% homogeneous green cytoplasm in the stalk), it died.
For subsequent analyses of anatomy and morphology of the
central vacuole of this species, the maximum exposure of
whole thalli (arrow, Fig. 2) was to 0.1% neutral red for 10–
15 min (Fig. 1, left panels; portions of Figs 10–12 as noted in
legends). Note that the majority of the subsequent experiments
used only brief exposures to dye applied to a small region of
the thallus (Figs 5–8) or no dye at all (Figs 3, 4, 9). Finally, we
never grew or developed alga in the presence of neutral red: we

used neutral red solely as a terminal assay to visualize develop-
ment that had already occurred in the absence of dye.

Volume and surface area of stalk and laterals in 
unstained organisms

Using our length and width measurements of unstained
algal stalks and whorls (Fig. 3), we calculated the volume and
surface area of the stalk and whorls at different developmental
ages (see Materials and Methods for formulae). We defined
an ‘intact’ whorl of hairs as one that retained ≥90% of all its hair
segments. Both the mean total volume and surface area increased
throughout development (Fig. 4, black solid bars).

The ratio of the volume of a single whorl of hairs to the
volume of the stalk remained constant during vegetative develop-
ment, increasing only during reproduction (Fig. 4, hatched bars).
The volume of one whorl of hairs was as little as one-fifth the
volume of the stalk in juvenile, and one-fourth, one-third and
two-thirds the volume of the stalk in early adult, late adult
and reproductive, respectively. Similarly, the surface area of a
single whorl of hairs was equal to that of the stalk in juveniles,
was twofold greater during adult development (early adult and
late adult), and nearly fivefold greater than that of the stalk
during reproduction (Fig. 4, hatched bars).

Similar calculations for all intact whorls (those not being
shed) revealed the pattern of the organism as a whole more
clearly. The ratio of the stalk to all intact whorls (those not
being shed) increased during the vegetative phase (Fig. 4, grey
bars). Note that there are no calculations for this relationship
for reproductive individuals (there are no grey bars for the
reproductive phase; Fig. 4). During reproduction, all whorls
of hairs below the cap are shed. Only a single tall and elaborate
whorl of hairs emanating from the superior corona of the cap
was retained during reproduction (Fig. 4, hatched bar for early
reproductive).

The reproductive laterals or gametophores of the cap have
more than twice the volume of the stalk and about four times
the surface area of the stalk (Fig. 4, white bars).

Differentiation within the central vacuole

To assess how distinct the central vacuole was in various anato-
mical regions of the thallus in vegetative adults, we applied
dye locally to each portion of the anatomy (see Materials
and Methods) and measured rates of movement of the dye
within the thallus. Rates of dye movement depended on the
anatomical region. During the first 60 min after exposure to
neutral red, the rate of dye movement was greater in the hairs
> apex > mid-stalk, traveling nearly twice as fast in the hairs
than in the stalk (Fig. 5, inset). In the rhizoid, the rate of dye
movement was nearly negligible (Fig. 5 and inset). One hour
after the initial application of dye, the rate of dye movement
was negligible in all regions except the apex (Fig. 5). In contrast,
dye applied at the apex maintained its rate of movement,

Fig. 5 Rates of dye movement within regions of the vacuolar sap of 
Acetabularia acetabulum. Hairs were not usually longer than 1 cm so 
the dye did not move after it reached the end of the hair (≈60 min; 
see inset). Inset shows times <1 h. Solid lines indicate times for which 
neutral red caused no visible changes in the cytoplasm; dashed lines 
indicate times for which neutral red caused harm to homogeneity of 
the cytoplasm (Fig. 6).
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traveling a total of 4 mm in 11 h, about one-sixth of the length
of the stalk. Because hairs are not usually longer than 1 cm,
the dye either entered the stalk or did not move after it reached
the end of the hair (≈60 min). Note that as dye moved farther
from its point of application, the concentration of the dye
declined and this decreased the certainty of accurate measure-
ment after the longest time intervals.

Monitoring diffusion of dye through water- or agar-filled
capillary tubes, we could mimic the range of rates of dye
movement (not shown). However, serious attempts at in vitro
modeling must wait until we know the composition and
biophysical nature of the vacuolar sap in this species.

To assess the health of thalli exposed briefly and locally
to neutral red (see Materials and Methods), we exposed one of
four regions to 0.1% neutral red inside a small ring of tygon
tubing for 10 min, removed the dye, washed the exposed region
three times with fresh seawater, removed the ring which had
held the dye, then monitored the health of treated and mock-
treated individuals for the next several days (Fig. 6). Again,
we measured the percentage of the length of the thallus that
became heterogeneous in color in response to this treatment
as an assessment of the health of the algae, and compared these
data with those for thalli mock-treated for each region. The

stalk region reacted most quickly to local, brief exposure to
dye, beginning to clump its cytoplasm 900 min (15 h) after
dye removal (Fig. 6). Apices, hairs and rhizoids reacted more
slowly, initiating cytoplasmic clumping only 1080, 1320 and
1320 min (18 or 22 h), respectively, after dye removal (Fig. 6).
The response reached a maximum for apices 1440 min later,
and for mid-stalks and hairs or rhizoids 2880 or 4260 min (48
or 71 h) later. Rhizoids were the least sensitive region, with
rhizoids < apices = hairs = mid-stalk. Apices exposed briefly to
dye were able to recover half their cytoplasmic homogeneity over
a period of 5 d (from 70 to 84%; Fig. 6). Based on these data, all
individuals subjected to localized dye applications (Figs 5, 7)
either were measured before clumping of the cytoplasm, or we
clearly indicated which measurements were taken after initia-
tion of the clumping reaction (dashed lines, Fig. 5).

Hair development and vacuolar partitioning

We hypothesized that, if separation of the central vacuole
between hairs and stalk occurred as a function of the age of the
hairs, then when dye was applied to the tips of hairs, we would
either see dye move into the stalk (connected) or retention of
dye at the hair septum (disconnected) depending on the age

Fig. 6 Appearance of the cytoplasm of 
Acetabularia acetabulum after localized regions 
were stained with neutral red or artificial 
seawater. Anatomical regions were exposed 
either to 0.1% neutral red (solid line) or artificial 
seawater (dashed line) inside a small ring (left 
inset) for 10 min, followed by three washes 
and placement of the treated individual in 
fresh artificial seawater (right inset). Health of 
the organisms was determined by measuring 
the percentage of the length of the thallus 
that did not become clumped or heterogeneous 
in color because of a treatment.
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of the whorls. Regions of a particular whorl of hairs, between
secondary hair segments (see definitions, Fig. 1) and the tips
of that hair, were isolated with rings of tubing and stained by
adding neutral red inside the ring. Neutral red could diffuse
up to 1 mm in 1 h (Fig. 5, inset) and hairs are typically less than
1 cm long. Therefore leaving stained individuals overnight
before making observations allowed adequate time for the dye
to move along the length of a hair and into the stalk if the path
between the hair and stalk was open to the dye.

When the upper angle of the hair with respect to the stalk
(see Materials and Methods) was ≤90°, dye was observed in
the stalk 1 d after hairs were stained (Fig. 7a). In these hairs we
observed a red, translucent, circular area at each hair septum,
suggesting that this septum remained open to the stalk and
was where the central vacuole in the stalk ramified into the
hair (Fig. 7b, open arrows).

By contrast, when the angle of the hair with respect to the
stalk was ≥90°, dye was seen only in the hairs and we observed
a sharp color junction at the hair septa (Fig. 7c). The lack of
translucent circular area at the septum was associated with a
closed septum (Fig. 7d, closed arrow). Note that another hair
of the same whorl contained a red circular area at its septum
(Fig. 7d, open arrow), indicating that the septa of individual
hairs in a whorl can close asynchronously.

Populations of individuals were assayed to determine if
the angle between the stalk and the whorl correlated with hair
septa open to dye. Most (91.4–100%) individuals assayed with
angles ≤70° had dye in their stalk 1 d after staining (Fig. 7e).
The percentage of the population in which dye was observed in
the stalk 1 d after staining decreased as hairs exceeded 71°. Except
for one population (121–130°, Fig. 7e), no individuals in popula-
tions with angles ≥111° had dye in the stalk 1 d after staining.

Fig. 7 Vacuolar connectivity during 
development of Acetabularia acetabulum. 
Hairs of late adults were locally stained 
between 2° segments and the tip of the hair. 
Dye applied to whole organism (b). Bars 
0.125 mm in all panels. (a) 1 d after staining, 
neutral red in young hair (<90°) had moved 
into the stalk. (b) Open arrows mark open hair 
septa. (c) Older hairs in middle of stalk (>90°) 
retained all dye 24 h after staining. Note the 
sharp color junction between stalk and hair. 
(d) Two septa of the same whorl where dark 
sphere (open arrow) was seen in one septum, 
but not another (closed arrow, hair points 
out of the page). (e) In populations, the 
percentage of individuals in which dye 
moved into the stalk from locally stained 
hairs decreased when hairs drooped >90°. 
Independent assays of dye movement used 
190 late adults with just one whorl of hairs 
dyed per unicell.
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To determine if neutral red had altered the angle of the
hairs during these experiments, we exposed just the tips of
hairs at various angles to dye, washed them, removed the ring,
then remeasured the angles of the same hairs 24 ± 1 h later.
Exposure to dye did not significantly alter the angle of the
hairs with respect to the stalk (Fig. 8) over the duration of these
measurements. Over the subsequent 24 h, when exposed to
dye, hairs at <90° changed in angle by ≈20°, but hairs ≤90°
changed only by ≤5° (Fig. 8), suggesting that the changes in
angle were a function of developmental age rather than a
result of exposure to a localized pulse of dye.

To assess connectivity of the vacuolar extensions in relation
to hair development, we measured the angle of hairs of each
position along the thallus by measuring the mean angles of
hairs at each whorl along the stalk (Fig. 9). The position of a
whorl was plotted against hair age. As the alga elongates, a
whorl of hairs initiates at the apex: older whorls are basipetal
to younger whorls on the stalk. The oldest whorl of hairs on
a stalk is in position no. 1 (Fig. 9) (Nishimura & Mandoli,
1992b). Although all hairs in a whorl are initiated simultane-
ously, they mature somewhat asynchronously. To quantify the
relative age of the whorl of hairs, we plotted each angle in
a whorl against the position of that whorl along the stalk.

Although the number of measurable whorls of hairs per
individual varied because hairs are shed from the stalk as an
individual ages (Gibor, 1973), on average late adults made 16–19
whorls of hairs (Nishimura & Mandoli, 1992b). Hairs initi-
ating at the apex sometimes had negative angles because hairs
sometimes grew towards each other from opposite sides of
the stalk. To reduce error, we measured the angle of two hairs
of each whorl (one on opposite side of the stalk). All values
(n = 1471) are averages of the angles at each whorl position
along the stalk. As hairs aged, the angle between hair and stalk
increased. Mean angles of the youngest four whorls of hairs
changed from 14 to 88° most rapidly. Hairs older than the four
youngest changed from 94 to 126° very slowly (Fig. 9). These
data are consistent with our measurements of the change over
24 h in the angle of whorls of hairs: young hairs at <90° changed
angle fourfold faster than older hairs at ≈90° or >90° (Fig. 8).

In reproductive individuals, cytoplasmic streaming in the
interwhorls and between each hair was uniform (Koop &
Kiermayer, 1980; Menzel, 1994). In contrast, cytoplasmic
streaming was absent above and below the youngest two
whorls of hairs (not shown). The strands of cytoplasm that
carry the chloroplasts above and below these hair septa were
relatively devoid of chloroplasts, and the hairs themselves were

Fig. 8 Change in angle of Acetabularia acetabulum hairs with 
respect to the stalk over 24 h following a brief, localized exposure to 
dye or mock treatment. A single whorl of hairs from each late adult 
was treated per individual. The tip down to the 2° segments of a hair 
(Fig. 1) was trapped underneath a ring of tygon tubing (see Materials 
and Methods). This ring was either filled with artificial seawater 
(mocked-treated individuals, patterned bars) or 0.1% neutral red in 
seawater (gray bars) for 10 min. To assess the effect of the mechanical 
treatment alone, another cohort of individuals was placed in artificial 
seawater, but their hairs were not trapped by tygon rings (open bars). 
For each bar of <90° and ≈90°, n = 26–27. For populations >90°, 
n = 16–19. Values of t-test comparing neutral red-treated and 
mock-treated populations for each angle cohort were <90°, t = 0.47, 
df = 26, P > 0.50; ≈90°, t = 0.97, df = 26, P > 0.15; >90°, t = 0.33, 
df = 18, P > 0.5.

Fig. 9 (a) Relationships between angles of hairs to whorl positions 
along the stalk of Acetabularia acetabulum. Drawings of angles for 
all whorls of hairs reflect the angles measured. (b) Hairs in a whorl 
drooped as a function of developmental age. Angles of two hairs 
per whorl of 80 late adults were measured (n = 1471). Youngest 
hairs (position 17) were at the apex and oldest were near the rhizoid 
(position 1). Each value consists of a number of data points (11–158) 
for whorl positions 4–17. Values of whorl positions 1 and 2 have no 
standard errors because they are the mean of two individuals. Whorl 
position 3 is the mean of six hairs. Equations from linear regression 
for the data points of young whorls (positions 15–18) and old whorls 
(positions 1–14) are y = −25.1x + 469.4 (R2 = 0.97) and y = −2.78x + 
133.6 (R2 = 0.87), respectively.
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filled with chloroplasts. However, in older whorls of hairs and
also across whorl scars, cytoplasmic streaming was uniform in
the stalk and the hairs themselves had few or no chloroplasts
inside them. These observations suggest that the cytoskeleton
was remodeled in the stalk near hair septa during normal
development of hairs.

Reorganization of the central vacuole during 
reproduction

Morphogenesis of the vacuole during reproduction has con-
sequences for the pathway haploid nuclei take as they migrate
from the rhizoid into the cap. As a first step in elucidating this

pathway, we visualized the fate of the vacuole during reproduc-
tive morphogenesis using neutral red. Gametangia initiate just
after nuclear transport. Cap septa and the superior coronae of
caps contained both cytoplasm (Fig. 10a,b) and vacuole (Fig. 10c)
before gametangia formed. However, in preparation for game-
tangial initiation the vacuole retracted toward the center of
the cap septum, sealing off the stalk from the cap (Fig. 10e,f,
arrows). This indicates that the cytoplasm and vacuole
underwent physical partitioning at the cap septum when
nuclear transport was complete. After gametangial formation,
dark red dye was visible in each lobe of the superior (Fig. 10f,
closed arrow) and inferior corona (Fig. 10g), but no dye was
left in the gametophores (Fig. 10f, open arrow). The vacuole

Fig. 10 Vacuolar reorganization at the cap 
septum during reproduction of Acetabularia 
acetabulum. Bars, 0.1 mm except where 
indicated. (a–d) Unstained caps; (e–g) 
individuals whose thalli were completely 
immersed in 1 ml 0.1% neutral red then 
washed for 10–15 s in 40 ml fresh seawater, 
and photographed. (a) Septum and superior 
corona of cap before nuclear transport. 
(b) Inferior corona of cap before transport 
of haploid nuclei and cytoplasm. (c) Unstained 
septum and superior corona after gametangia 
have formed. Vacuole in septum region 
retracts radially (arrows) away from stalk wall. 
(d) Superior corona of cap after gametangial 
formation. The circular structures visible on the 
corona are features of the cell wall that mark 
where hairs emerge from the cap. (e) Cytoplasm 
and vacuole from gametophores partitioning 
off from cytoplasm and vacuole in the septum 
(arrows) just before gametangial initiation. 
(f) Septum and superior corona after 
gametangial formation. In most lobes of the 
superior corona, the septum was still ramified 
into the superior corona (closed arrow) and 
the vacuole retracted away from the septum, 
rendering the gametophores free of dye 
(open arrow). (g) Septum and inferior corona 
following gametangial formation. Most lobes 
have retained vacuoles (arrow). (h) Diagram 
showing the anatomical positions of the 
images in a–g.
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extended into each lobe of the superior corona. Apparently,
like the central vacuole in the stalk (Fig. 1), the vacuole in the
corona is left behind in the thallus of the diploid parent after
gametangial formation.

After nuclear transport, gametangia form within each gameto-
phore, packaging nuclei, cytoplasm, and vacuole in the game-
tophores inside gametangia (Fig. 11). Gametangial initiation
was far more synchronous within a gametophore (Fig. 11a) than
between gametophores (Fig. 11a–c). Also, initiation of
gametangia within a gametophore was more synchronous
than their subsequent development (compare Fig. 11a,c to
Fig. 11b, 3, 4).

Staining revealed small, dark red areas in nascent gametangia
(Fig. 11d), suggesting the presence of small vacuoles in addition
to the large central vacuole in each gametangium. When stained
with neutral red, mature gametangia within a gametophore varied
in color from purple to red to yellow (Fig. 11e,f ), suggesting
that the central vacuole in these gametangia differed in pH.

After the completion of gametangial development, staining
with neutral red also revealed abnormalities of vacuole pack-
aging into gametangia. Note again that dye was not present
during development, but was used only as a terminal assay. One
dark red vacuole was observed in a gametangium that lacked

cytoplasm (Fig. 12a,b, single asterisk). Other gametangia
contained cytoplasm but no trace of neutral red (Fig. 12a,b,
double asterisk) and were proximal to membrane-bound but
wall-less, darkly stained vacuoles (Fig. 12a,b, #).

To quantify the frequency of abnormal vacuolar pheno-
types, we stained 50 caps that bore gametangia and counted
all errors in vacuole packaging. These errors could not have
been induced by the dye since neutral red was applied only
after gametangia had fully developed. There was an average of
60 ± 8 gametophores per cap and 90 ± 39 gametangia per
gametophore, giving a total of 2.70 × 105 gametangia in our
50 caps. These values are comparable to those found previ-
ously (Nishimura & Mandoli, 1992a). We observed a total of
19 errors in all gametophores (rays) for wall-less (unpackaged)
cytoplasm (Fig. 12c, ##; Table 1) and 19 occurrences of wall-
less vacuole (Fig. 12a, #; Table 1). Overall, 4 and 16% of all caps
had the former and latter phenotypes, respectively (Table 1).
Although early in our study of the A. acetabulum central vacuole
we found one cap containing gametangia that lacked a vacuole
(did not obtain a portion of the central vacuole from its diploid
parent), as none of the gametangia later counted lacked a
vacuole the frequency of vacuole-excluded gametangia was
<10−5 (Table 1).

Fig. 11 Behavior of the vacuole during 
reproduction of Acetabularia acetabulum. For 
all panels, after caps had reached the desired 
developmental age, neutral red was used to 
visualize the vacuole in caps and the 
gametangia they bore (no dye was present 
during development in either unstained 
controls or stained caps). To illustrate the color 
difference ± dye, both unstained (a,c) and 
stained (b,d,e,f) anatomies are imaged. Bars, 
0.25 mm except where indicated. (a,c) 
Unstained control caps during formation 
of gametangia. (b,c) In wild-type strains 
gametangia normally formed at different 
times in the gametophores of a single cap. 
Numbers in these panels indicate the order 
of gametogenesis: 1, least developed; 4, most 
developed gametophore. (d) Small vesicles 
also stain with neutral red. (e,f) Gametangia 
differed in color after staining.
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Errors counted as vacuole exclusion in fully developed
gametangia that were subsequently dyed were qualitatively
defined to have a heterogeneous and fragmented appearance
of cytoplasm inside the gametangia (Fig. 12a, **) and may
appear proximal to an area of wall-less, unpackaged vacuole.

Discussion

Our experiments are the first to describe the anatomy, develop-
ment and morphogenesis of the central vacuole of A. acetabulum.
Using the highly controlled conditions defined here (Figs 2, 6, 8),
neutral red was useful for visualizing the extent and shape
of this acidic central vacuole (Figs 1, 9–12). In addition, brief,
localized exposures visualized dye movement within the thallus
(Figs 5, 7).

We found that A. acetabulum has a dynamic, polar central
vacuole that ramifies throughout the thallus (Fig. 1). This central
vacuole increases dramatically in surface area and volume
(Figs 3, 4) and is actively remodeled during development
(Figs 7, 10). The location, development and morphology of
the central vacuole have implications for routes of migration
of the haploid nuclei. Finally, the central vacuole is actively
packaged into the haplophase (Table 1; Figs 11, 12).

Like the vacuolar remodeling we observed here (Figs 7, 10),
ramification or ‘invagination’ of the central vacuole into new
extensions of cells also occurs in growing pollen and in
root hairs of Arabidopsis (Flückiger et al., 2003; Hicks et al.,
2004). If A. acetabulum also contains smaller, pH-neutral,
‘peripheral’ vacuoles, as do vascular plants (Di Sansebastiano
et al., 1998, 2001), remains to be explored.

Acetabularia has a dynamic, apparently polar central 
vacuole

How are we to interpret the differences in rates of movement
of neutral red through the thallus (Fig. 5)? The vacuole is
clearly a major site of dye accumulation after localized regions
of the thallus were briefly exposed to neutral red (Fig. 7), and
it is tempting to conclude that there is a direct relationship
between dye movement through the thallus and dye accumula-
tion in the vacuole – that the dye moves directly and predo-
minantly through the vacuolar sap. However, in interpreting
what causes the rate of dye movement through the thallus to
vary, we need to consider the routes of dye travel within all
portions of the cell. Note, in contrast, that interpretation of
connectivity between the hairs and the stalk (Fig. 7) does not
depend on the route of dye movement per se.

To reach the vacuolar sap from the external environs, a
molecule must pass through the cell wall, the cytoplasm and
at least two membranes: plasma membrane and tonoplast. In
a multicellular organism this pathway becomes far more
complex. Before we can visually detect neutral red in any cell
space, it must accumulate until it reaches a concentration
and hue we can detect. Although in cross-section we could

Fig. 12 Packaging errors during reproduction of Acetabularia 
acetabulum. As in Fig. 10, neutral red was applied only after 
gametangia bearing caps were fully developed: dye was used as a 
terminal assay to visualize the vacuole(s) in gametangia. (a,b) Same 
cap but at different planes of focus. #, Portions of vacuole remained 
in a gametophore outside the gametangia; *, gametangium 
containing a vacuole but no cytoplasm; **, gametangium containing 
cytoplasm but no vacuole. (c) Wall-less cytoplasm remained 
unpackaged after gametangial formation (##).
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not see yellow dye in the pH-neutral cytoplasm, we have only
this visual assay. Variables that will affect how subcellular
compartments/regions within the thallus compete for dye
include pH; relative speeds of adjacent compartments (cyto-
plasm vs central vacuole); position with respect to the point of
application; binding constants for the dye; polymer topology,
etc. An active mechanism, such as vesicle trafficking, that
buds off and re-fuses vesicles in another site might also move
neutral red within the thallus.

Considering one of many alternate routes for dye movement
more concretely is illustrative. Cytoplasmic streaming through
all regions of the stalk was 1–2 µm s−1 (Koop & Kiermayer,
1980; Koop, 1981), four- to eightfold faster than the rate of
neutral red movement in the fastest regions of the thallus
(Fig. 5). Direct observations of the stalk under a microscope
clearly revealed dye only in the central vacuole (not shown).
In addition, the chemistry of neutral red means that it strongly
partitions into the acidic compartments, not into neutral ones
such as the cytoplasm. Taken together, these data suggest
that if the dye is traveling in the cytoplasm, it does so at low
concentration, with rapid passage or exchange into other
compartments.

If the major route of dye movement through the thallus is
the vacuole itself, one intriguing interpretation of the distinct
rates of dye movement in different regions of this unicell (Fig. 5)
is that the vacuolar sap has a viscous, gel-like composition that
varies throughout the thallus. There are many precedents for
the existence of biological gels, particularly in animal systems
(Klymkowsky, 2001; Pollack, 2001). The discovery that
varying pH and ion concentrations alter the flow rate in the
xylem of vascular plants suggests that plant cells contain
hydrogels that undergo phase transitions (Zwieniecki et al.,
2001). Algal vesicles also contain biological gels important in
many processes (Chin et al., 2004).

To interpret the meaning of the variance in rates of dye move-
ment through the thallus (Fig. 5), we need to use other methods
complementary to the cell biology here. Use of fluorescent,
cell-permeant dyes such as carboxyfluorescein derivatives will
not resolve this issue because their pathways into the vacuole
are just as complex as that of neutral red. At present we cannot
microinject anything into the central vacuole, so membrane-
impermeant dyes are not options. Classical biophysical analysis

of regions of the vacuolar sap, lipophilic dyes and in vivo
monitoring of cell lines transformed with green fluorescent
protein (GFP)-fusion proteins will be important in under-
standing the biology of this gradient in dye mobility, regard-
less of the compartment in which the dye is moving.

Central vacuole increases dramatically in surface area 
and volume during development

Gibor (1974) proposed that maintenance of the chloroplast-
containing younger vegetative whorls (Fig. 9) augmented
photosynthesis and nutrient uptake. He found a ≈1 : 1
relationship between the surface area of a single whorl and the
entire stalk. Our data show that the average surface area of
a single whorl of hairs relative to the stalk increases during
development from ≈1 : 1 in the juvenile phase to almost 5 : 1
in reproductive individuals. Gibor (1973) obtained a ratio of
0.80 : 1 for a single ‘representative’ individual of unknown
age. The greater surface area of the whorls of hairs we observed
probably results from our improvements in cell culture (Zeller
& Mandoli, 1993; Hunt & Mandoli, 1996; Cooper & Mandoli,
1999) that foster more extensive lateral growth.

Our data suggest that an important function of develop-
ment is to increase the surface area and volume of the thallus.
The surface area and volume of all intact laterals relative to the
algal stalk increase throughout development (Figs 3, 4). The
surface area of all intact laterals relative to the stalk increases
by a factor of ≈2.5, and the volume of these laterals compared
with the stalk doubles between juvenile and early adult phase.
This trend toward increased surface area and volume is even
more evident in reproduction: the combined surface area of all
laterals is nearly ninefold greater, and the combined volume of
all laterals is nearly threefold greater than the volume of the
stalk (Fig. 4, hatched and white bars). Clearly, the central
vacuole plays an essential role in increasing both cellular volume
and surface area during development.

The central vacuole is actively remodeled during 
development

Our data suggest that the A. acetabulum central vacuole is actively
remodeled during hair development (Fig. 7). Vacuole movements

Table 1 Packaging errors within gametangia of Acetabularia acetabulum
 

Component
Symbol 
in image

Number of errors in: 
Gametophores 
with errors

Caps with 
errorsGametangia Gametophores

Wall-less cytoplasm ## – 19 19 2
Wall-less vacuole # – 19 14 4
Cytoplasm excluded * 3 – 3 2
Vacuole excluded ** 0 – – –

Total 50 caps.
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and changes in vacuole morphology occur in stomatal cells
of Allium (Palevitz et al., 1981). ‘Mobile invaginations’ of
the vacuole undergo dynamic changes during growth of pollen
tubes or root hairs (Flückiger et al., 2003; Hicks et al., 2004).
Although it is clear that the cell wall is essential for separation
of older hairs from the stalk (Puiseaux-Dao, 1962), it is not
known what role the central vacuole plays in partitioning-off
vegetative hairs. Immunohistochemistry and phalloidin labeling
suggest close association of the cytoskeleton and the tonoplast
in Arabidopsis pollen tubes (Derksen et al., 2002), but the
coordination, if any, of the cytoskeleton, vacuole and cell wall
during hair development (from initiation to shedding) in
A. acetabulum requires further study.

Cap morphology has implications for routes of nuclear 
migration

Our observation that the vacuole completely filled the inferior
corona (Fig. 10f,g) presents us with a puzzle in understanding
the transport route of thousands of haploid nuclei into the
gametophores of the cap. If the vacuole remains ramified into
the inferior corona during transport, haploid nuclei would
have two possible routes for moving into the gametophore: a
long route following the edge of the inferior corona; or a direct
route through the vacuole, either along a string of cytoplasm
protected from the acidic vacuolar sap or through the vacuole
sap itself. As in other plants, strands of cytoplasm pass through
the central vacuole of A. acetabulum (in the coronae, Menzel,
1981). Alternatively the vacuole in the inferior corona could
partition off from the rest of the vacuole (by rearranging the
cytoskeleton?), shortening the distance nuclei have to travel to
enter the gametophores. A plug is always formed at the entrance
to each gametophore after nuclei have been transported
into it, and another plug sometimes forms in the coronal
pore that separates the stalk from the coronae (Menzel, 1981).
Callose plugs partition off the growing vacuole in pollen tubes
(Laitiainen et al., 2002). Further research using other methods
is needed to reveal the positioning of the cytoskeleton and its
interactions with the vacuole in the coronae and cap septa of
this alga during nuclear migration.

The central vacuole is actively packaged into the 
haplophase

Here we documented the morphology of the giant central
vacuole before and after gametangial formation, but the fate
and function of the central vacuole, once incorporated into
the gametangia, is unknown. In the green alga Bryopsis plumosa,
the tonoplast in the gametangia disintegrates before the forced
discharge of gametes, and the gametes then occupy the space
the vacuole had previously filled (Mine et al., 1996).

It is not known if, or how, each A. acetabulum gametangium
divides its central vacuole among its gametes. The origin, func-
tion and development of the brightly stained, small red bodies

within each gametangium (Fig. 11d) require clarification.
Whether they are at all similar to ‘dispersed vacuoles’ found
in hydrated pollen (Kuang & Musgrave, 1996), and have a
particular function during reproduction, is not yet clear.

Vacuole packaging errors (Table 1) could result from genetic
and environmental factors. The cause and fate of such rare
phenotypes, for example, do they make and mature gametes,
remains to be determined. We did not find gametangia
lacking both cytoplasm and vacuoles (empty gametangial walls).
Assuming that the exclusion of either component is independent
of the other, such a phenotype would occur at a low enough
frequency that it would have an extremely low probability of
being present at our sample size. Alternatively, errors leading
to this phenotype could be unable to initiate or complete the
formation of gametangia.

Mistakes in packaging the vacuole and cytoplasm into
gametangia could reflect errors in interactions between the
cytoskeleton and the vacuole, although other mechanisms
for changes in vacuole shape are also possible (Campbell &
Garber, 1980; Fleurat-Lessard et al., 1997). Actin filaments and
microtubules have essential roles in the formation of game-
tangia (Menzel, 1986; Menzel & Elsner-Menzel, 1990). It is
plausible that cytoplasm is associated with each haploid nucleus
during nuclear transport, and that gametangial formation does
not occur until the associated cytoplasm is properly arranged
in the cap (Mandoli, 1996). However, nothing is known
about the partitioning of the parent cytoplasm during repro-
duction in Acetabularia (Mandoli, 1996). Microtubules link-
ing nuclei and chloroplasts have been observed in interphase
cells in the green alga Valonia ventricosa (Shihira-Ishikawa,
1987). Gametangia are capable of completing morphogenesis
correctly even when cytoplasm or vacuole is excluded, suggesting
that packaging errors could derive from incorrect structure or
mislocalization of molecules that mediate the association of
the cytoskeleton with the organelles. One possible regulator of
the cytoskeleton, a Rop GTPase, has been localized to the ton-
oplast of Arabidopsis thaliana (Lin et al., 2001), but it is unknown
if there are homologues in A. acetabulum.

In summary, our data indicate that the central vacuole
of A. acetabulum is a dynamic organelle with a complex
morphology and possibly a heterogeneous composition that
undergoes morphogenesis of its vegetative and reproductive
whorls during development. Regional applications of
lipophilic dyes in conjunction with confocal microscopy will
enable in vivo real-time studies of the endomembrane system
in regions of particular interest during development of this
complex unicell. Transformation with GFP constructs tar-
geted to each of the two major types of vacuole (Ehara, 1996;
Di Sansebastiano et al., 1998, 2001; Neuhaus, 2000; Frigerio
et al., 2001; Moseyko & Feldman, 2001; Darnowski & Vodkin,
2002; Gao et al., 2004) will begin to test the evolutionary
conservation of these systems in a unicell phylogenetically dis-
tant from multicellular vascular land plants. Finally, classical
biophysical analyses of the regional properties of this giant
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central vacuole will tell us if the vacuolar sap is regionally
differentiated and is a sol or a gel.
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